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The Nanomechanics of Lipid Multibilayer Stacks Exhibits 
Complex Dynamics

Josep Relat-Goberna, Amy E. M. Beedle, and Sergi Garcia-Manyes*

pores can be typically created by electroporation[6] or through 
the application of mechanical forces (either by isotropic ultra-
sounds[7] or using, e.g., the pipette aspiration technique[8]). 
Despite important experimental and theoretical advances,[9] 
the precise molecular mechanisms underlying the formation of 
highly localized membrane transient rupture and their associ-
ated kinetics remains largely unknown.

The nanomechanics of lipid bilayers has been largely 
explored using atomic force microscope (AFM)-based force 
spectroscopy experiments, whereby the nanometer-sized can-
tilever tip applies an increasingly large force on a supported 
lipid bilayer until a discontinuity or “jump” is observed in the 
resulting force–distance curve, fingerprinting the rupture of 
the bilayer.[10] In these experiments, the vertical force applied 
to the bilayer is a direct measurement of the lateral interac-
tions between phospholipid neighboring molecules.[11] The 
force value at which the discontinuity occurs, the “break-
through force”(Fb), is regarded as the signature of the 
mechanical stability of the supported lipid bilayer.[12,13] From 
the theoretical perspective, such a membrane failure process 
has been typically interpreted as a simple barrier-limited, 
all-or-none reaction, whereby the height of the energy bar-
rier (i.e., the bilayer survival probability) can be modulated 
by the applied force.[14,15] Despite such important progress, 
an intrinsic limitation of these experiments is that they are DOI: 10.1002/smll.201700147

The nanomechanics of lipid membranes regulates a large number of cellular 
functions. However, the molecular mechanisms underlying the plastic rupture 
of individual bilayers remain elusive. This study uses force clamp spectroscopy 
to capture the force-dependent dynamics of membrane failure on a model 
diphytanoylphosphatidylcholine multilayer stack, which is devoid of surface effects. 
The obtained kinetic measurements demonstrate that the rupture of an individual 
lipid bilayer, occurring in the bilayer parallel plane, is a stochastic process that 
follows a log-normal distribution, compatible with a pore formation mechanism. 
Furthermore, the vertical individual force-clamp trajectories, occurring in the bilayer 
orthogonal bilayer plane, reveal that rupturing process occurs through distinct 
intermediate mechanical transition states that can be ascribed to the fine chemical 
composition of the hydrated phospholipid moiety. Altogether, these results provide 
a first description of unanticipated complexity in the energy landscape governing the 
mechanically induced bilayer rupture process.
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1. Introduction

The cell membrane, mainly composed of lipid moieties, is an 
extraordinary robust system that needs to preserve its physical 
integrity while withstanding chemical, electrical, and mechan-
ical perturbations. The complexity of the lipid intermolecular 
forces endow membranes with the capability of undergoing the 
massive conformational changes required in endo- and exocy-
tosis, membrane trafficking and cell division, while also regu-
lating increasingly important mechanotransduction pathways.[1] 
In this context, pore formation is intricately linked to the 
mechanisms of cell fusion,[2] the formation of water and pep-
tide-induced channels[3] and drug release.[4,5] Experimentally, 

www.advancedsciencenews.com

small 2017, 13, 1700147

This is an open access article under the terms of the Creative Commons 
Attribution License, which permits use, distribution and reproduction 
in any medium, provided the original work is properly cited.

http://doi.wiley.com/10.1002/smll.201700147


full papers

1700147 (2 of 8) www.small-journal.com © 2017 The Authors. Published by Wiley-VCH Verlag GmbH & Co. KGaA, Weinheim

typically conducted on individual bilayers that are supported 
on stiff, rigid substrates.[16] In spite of the lack of definitive 
experimental quantitative evidence, it is believed that the 
supporting substrate might have an important impact on the 
membrane nanomechanics.[17] Pore-spanning experiments and 
polymer cushioned single bilayers have attempted to mitigate  
such substrate effect.[18,19] An alternative means relies on 
the use of a hydrated lipid multibilayer stack composed of 
a large number (spanning from ≈100–500) of individual lipid 
bilayers.[20] This novel experimental design was successfully 
used in pioneering studies aimed at measuring the distinct 
mechanical resistance of bilayer stacks when indented by tips 
of varying chemistry.[21,22] Crucially, the use of lipid stacked 
multibilayers provides a much closer description for the cel-
lular organelles that are obviously not surface-supported, 
some of them composed of more than one individual mem-
brane, such as mitochondria or the nuclear envelope.[23–25]

With punctual exceptions,[26] the great majority of force 
spectroscopy AFM studies have thus far relied on the use 
of the force extension operational mode, where the force 
applied to the lipid membrane is measured as a function of 
the distance between the tip and the sample. While providing 
sound nanomechanical information, in these experiments the 
measured force changes very rapidly over extremely short 
distances, precluding the fine characterization of the subtleties 
characterizing the underlying free energy landscape.[27] More-
over, in these experiments determination of the elastic proper-
ties of the system requires precise knowledge of the tip shape.

To circumvent this, the force-clamp technique, initially 
designed to study the mechanical unfolding of individual poly-
proteins,[27–31] emerged. These experiments, where the applied 
force is kept constant thanks to an active 
proportional, integral and derivative (PID) 
feedback, measure the length evolution of 
the studied system over time,[32] providing a  
direct means to quantify the underlying 
energy landscape that ultimately determines 
the membrane breakthrough process.[33]

Here we make use of force-clamp 
spectroscopy to directly capture the force-
induced rupture of the individual lipid 
bilayers composing a hydrated large multi-
bilayer phospholipid stack, occurring one 
at a time. These measurements enable us 
to measure the substrate-independent and 
force-dependent kinetics of phospholipid 
bilayer rupture, providing a sub(molecular) 
picture of the rupturing process. Alto-
gether, the statistical analysis of our force-
clamp data directly reveals signatures of 
unanticipated complexity in the bilayer 
rupture process, compatible with a multi-
plicative pore-expansion mechanism.

2. Results

Using a homemade AFM force-clamp 
spectrometer (Figure 1a), we measured 

individual force–distance trajectories on a hydrated multibi-
layer stack of the model archeal DPhPC (diphytanoylphos-
phatidylcholine) lipid, amply used in single channel electrical 
recordings due to its high membrane stability[34,35] under 
buffered saline conditions (200 × 10−3 m NaCl, HEPES 
10 × 10−3 m, pH 7.4). A topological AFM image of the stacked 
bilayer approach is shown in Figure S1 (Supporting Informa-
tion). The resulting force-extension trajectory (Figure 1b) 
exhibits a saw-tooth pattern behavior, where each force peak 
corresponds to the rupture of an individual lipid bilayer by 
the AFM tip as revealed by the measured distance between 
two consecutive peaks (≈5.07 ± 0.7 nm). The average rupture 
force corresponding to n = 1590 rupture events from n = 87 
independent trajectories (Fb = 35 ± 4 nN, Figure 1c) is largely 
independent of the thickness of the lipid stack (Figure S2, 
Supporting Information). Noteworthy, in these force-exten-
sion experiments the breakthrough of an individual lipid 
bilayer results in a finite storage of nondissipated energy by 
the cantilever tip, which will increase the force at which the 
following individual bilayer will break. Importantly, as the tip 
approaches the mica substrate a decrease in the mechani cal 
stability is observed, defining the “substrate-interface” 
region. This surface effect is highlighted in Figure 1d, showing 
the average breakthrough force (n = 4220, red) as a function 
of substrate distance and its standard deviation (gray region), 
demonstrating that the decrease in the mechanical stability 
occurs at ≈150 nm from the supporting substrate, thus cor-
responding to ≈30 layers.

Surprisingly, the first layer (in contact with the mica sub-
strate, inset in Figure 1b) exhibits a distinct mechanical sta-
bility with respect to the rest of the bulk layers. Similarly, 
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Figure 1. The rupture of a DPhPC stacked multilayer occurs through a layer-by-layer mechanism 
and it is affected by the supported substrate. a) Scheme of the AFM-based nanomechanical 
approach on a mica-supported multibilayer stack. b) The force versus distance plot exhibits 
a saw-tooth pattern, where each force-peak corresponds to the rupture event of an individual 
lipid bilayer. c) Each individual rupture event occurs at an average rupture force Fb = 35 ± 4 nN, 
n = 1590. d) Deviation of the average force (red line) in the proximity of the mica support 
highlights a surface effect for the first ≈30 bilayers. e) The first bilayer in contact with the 
surface (a) inset) exhibits a much lower thickness (Δd ≈ 3.4 nm) with respect to the rest of 
the bulk bilayers.
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the thickness of such substrate-neighboring layer is dramati-
cally smaller (down to ≈1.7 ± 0.6 nm) than the rest of the 
stacked membranes (≈5.1 ± 0.7 nm, Figure 1e). Hence, these 
nanomechanical experiments on multibilayer stacks demon-
strate that, while only the first lipid bilayer in contact with 
the substrate is morphologically different from the rest, the 
mechanical effect of the substrate is much larger, encom-
passing up to ≈30 layers. The anomalous conformational and 
nanomechanical behavior of the first lipid bilayer in contact 
with the supporting substrate is also observed for multi-
bilayers of lipids with distinct chemical composition, such 
as 1,2-dilauloyl-sn-glycero-3-phosphocholine (DLPC) and 
1,2-dioleoyl-sn-glycero-3-phosphocoline (DOPC) (Figure 2).

Decoupling the mechanical effect originating from the 
supporting surface enables us to directly study the “unaf-
fected” kinetics of membrane failure within the stacked 
multibilayer context. Applying a constant pushing force 

(force-clamp mode) of F = 30 nN to the DPhPC multibi-
layer sample (which minimizes the effect of the tip contact 
area) results in a linear decrease in the system length over 
time (Figure 3a). As expected, in the proximity of the sup-
porting substrate, the AFM tip advances at a much increased 
velocity due to the mechanical destabilizing effect of the stiff 
substrate (purple area, “surface interface region”). Close 
inspection to the length–time indentation curve reveals that 
the trace is composed of individual steps (marked by a spike 
in the force channel) of 5.4 ± 0.3 nm (n = 130, Figure S3, 
Supporting Information) — a consistent value that lies in 
between the lamellar spacing determined by X-ray diffrac-
tion (D > 48 Å)[36] and the obtained by molecular dynamics 
simulations (D ≈ 60 Å)[34] — altogether demonstrating that 
the indentation of the multibilayer stack by the AFM tip 
occurs sequentially, one lipid bilayer at a time.

The rupture time between two consecutive steps (dwell 
time) hallmarks the mechanical stability of each bilayer. 
While the most intuitive scenario suggests a vertical hier-
archy in the rupture process, whereby the top membrane 
breaks first and the rest follow subsequently until the sub-
strate is reached, we cannot exclude the possibility that 
the applied pushing force might transmit to underlying 
membranes, allowing them to break before the upper one, 
to which the pushing force is directly applied. To check this 
hypothesis, we performed experiments (Figure 4a,b) on a 
lipid stack composed of a mixture of DOPC/sphingomyelin 
(SM)/cholesterol (Chol) (1:1:1), a model system forming two 
well-defined phases that align along the vertical direction[37] 
exhibiting markedly distinct mechanical properties.[38] Our 
force-extension (Figure 4c) and force-clamp (Figure 4d) indi-
vidual indentation trajectories demonstrated that unlike in 
the stretching of polyproteins where unfolding follows a hier-
archy in the mechanical stability,[39] the disruption of a poly 
lipid bilayer stack occurs according to the vertical physical 
order position of each bilayer, irrespective of its mechanical 
stability.

While the total time required to indent the whole DPhPC 
stack depends on its thickness (Figure 3b), a linear fit to the 
length versus time trace (which excludes the surface-interface 
region) yields in each case the rupture rate, which is inde-
pendent of the stack thickness (R2 = 0.0016, Figure 3b). In 
order to test whether the rupture of each individual DPhPC 
membrane composing the stack is an independent event, we 
analyzed the dwell time distribution corresponding to 152 
individual indentation trajectories on different bilayer stacks 
at the same pushing constant force of 30 nN, and each pene-
tration trajectory was individually reconstructed (Figure 3c). 
The autocorrelation function for each rupture event shows 
no significant correlation between two consecutive events 
(Figure 3d), thus demonstrating that the rupture dwell times 
from different trajectories can be safely pooled together to 
obtain an average indentation master curve at a given con-
stant force. Most importantly, these results demonstrate, con-
trary to previous belief,[26] that stacked lipid bilayers behave 
like a chain of stochastic events, reminiscent of a Poisson 
process.

Using this statistical analysis, we studied the force 
dependency of the rupture kinetics of the stacked bilayers. 
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Figure 2. The mechanical effect of the supporting substrate is general 
and independent on the lipid chemistry. Individual indentation 
trajectories on a) DLPC and b) DOPC multibilayer stacks under constant 
velocity mode reveal that, similar to the trend observed for c) DPhPC the 
mechanical stability of the bilayer in contact with the mica supporting 
substrate (green) exhibits a mechanical stability that significantly 
differs from that obtained for the “bulk” bilayers (red). While in the 
case of DPhPC and DOPC the bilayer in close contact with the surface 
exhibits a lower mechanical stability than those present in the bulk, 
the situation is reversed for DLPC, where the inner bilayer displays a 
mechanical stability that is markedly higher than the rest of the stacked 
membranes. d) For all lipids, the thickness of the first membrane in 
contact with the substrate (green) is dramatically smaller than that 
corresponding to the bilayers forming the stack, probably due to a tilting 
effect. Altogether, these measurements demonstrate the anomalous 
mechanical and topological behavior of the first lipid bilayer in contact 
with the supporting mica substrate.
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To this goal, we systematically changed the applied force 
applied to the DPhPC multilayer, spanning the range of 
forces 24–36 nN. As observed in Figure 5a, the bilayers break 
quicker as the force is increased. We measured the average 
rupture rate, α, (calculated as the inverse of the rupture 
time) and plotted the ln(α) as a function of the applied force 
(Figure 5b). The exponential force dependency confirms that 
the rupture of stacked lipid membranes is a force-activated, 
barrier-crossing process. Experimental data was fitted to the 
Bell model:[40]

0 exp
B

F x
N k T

Fα α( ) ( )≡ ∆
⋅









 
(1)

where α(0) is the rate in the absence of force, Δx is the dis-
tance to the transition state, and N, the number of disrupted 
interactions. Fitting the Bell equation to the experimental 
data yields ln[α(0)] = −12.2 ± 0.9 and Δx/N = 1.87 ± 0.04 pm. 
This value is similar to that obtained previously.[22,26] How-
ever, this latter term is devoid of physical meaning as long as 
N ≠ 1. Unfortunately, unambiguous and quantitative descrip-
tion of N is experimentally challenging due to the uncer-
tainty in the absolute determination of the small tip-surface 
contact area, likely influenced by the shape of the asperities 
of the indenter tip. In effect, the rupture of the lipid mem-
brane involves the creation of a pore that allows the AFM tip 
to break through, concomitant to the cleavage of a number 
of lateral lipid–lipid interactions.[14] Indeed, electroporation 

studies suggest that metastable pre-pores 
can exist up to 10 nm of radius,[6] which 
corresponds to hundreds of lipid mole-
cules. It is then possible that the crea-
tion of a stable pore (occurring in the 
plane perpendicular to the application of 
force) with a critical radius—similar to a 
nucleation process[41]—is the rate-limiting 
step for the membrane rupture. Hence, a 
molecular description in terms of the Bell 
formalism might be just not applicable 
since the position of the transition state, 
Δx, is likely to be placed on an orthogonal 
coordinate to the pushing force, namely 
that of the lipid–lipid interaction plane.

To by-pass the uncertainty in the 
determination of the critical radius, and 
in order to obtain further insight into 
the statistical details that characterize 
the rupture kinetics process beyond the 
Bell formalism, we analyzed the time 
distribution of rupture events occurring 
at F = 30 nN with a statistical pool of 
data as large as 9125 events. Surprisingly, 
instead of the expected exponential dis-
tribution evocative of a barrier-limited 
all-or-none process, the obtained distri-
bution displays a right-skewed unimodal 
shape, with rupture events spanning sev-
eral decades (from a few milliseconds all 
the way up to several seconds). To certify 

that the relative lack of short-time events is not a result of 
the limited-bandwidth of the (PID) feedback of our force-
clamp spectrometer, we repeated the experiments at a lower 
force of F = 26 nN and observed the same nonexponential 
trend, ensuring that the observed distribution is an intrinsic 
property of the kinetics of rupture of the lipid membrane 
(Figure S4, Supporting Information). The representation of 
the probability density function (PDF) in terms of ln(t) fol-
lows a normal distribution (Figure 5d). Four different models 
that can account for the nonexponential distribution associ-
ated to a time-increasing hazard rate (namely log-normal,[42] 
inverse Gaussian,[43] Chizmadzhev and co-workers,[44,45] and 
Weibull[30,46] distributions) are fitted to the PDF. A descrip-
tion of all different models and their physical implications 
is included in Supporting Information. The log-normal dis-
tribution, which in the logarithmic space, y = ln(t), recovers 
the normal distribution (Figure 5d), fits the PDF function 
with the smallest error (Figure 5e). Log-normal distributions 
are characteristic of multiplicative growth processes, where 
the instantaneous growth is proportional to the current size 
of the system.[42] This is fully compatible with a pore growth 
mechanism,[41] (Figure 5f). According to this model, when a 
defect in the lipid membrane structure is created, expansion 
through the adjacent molecules will be more energetically 
favorable because the boundary lipids have a lower number 
of lipid neighbors to bind to. As more defects are created, 
the number of boundary lipids will increase proportionally 
to the effective perimeter of the pre-pore, hence generating 
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Figure 3. The rupture kinetics of the DPhPC multilayer is a step-by-step memory-less process 
as revealed by force-clamp AFM experiments. a) The linear force-clamp indentation trajectory 
on a stacked DPhPC multilayer recorded at a constant force of F = 30 nN is composed of 
individual steps of 5.4 ± 0.3 nm (n = 130), hallmarked by a spike in the force channel. The 
indented region close to the surface (purple box) exhibits a higher rupture rate. b) A linear 
fit to the indentation trajectories corresponding to four distinct stacks containing a different 
number of bilayers captures their associated rupture rate. c) Reconstruction of the time-
course evolution of 152 indentation trajectories from their measured dwell times. The average 
rupture rate (16 ± 13 layers, solid red line) and its standard deviation (light red area) are 
represented. d) The autocorrelation function of the rupture times as a function of the number 
of layers (lag) shows no correlation between two consecutive events.
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a multiplicative growth process. When a critical pore size is 
reached, the pore will become stable and the lipid membrane 
will rupture (Figure 5f). Crucially, while different values of 
the tip-surface contact area will change the mean time of lipid 
membrane rupture, they will not affect the log-normal distri-
bution of rupture times. To further illustrate this argument, 
we developed a proof-of-concept stochastic simulation to 
model the multiplicative pore growth mechanism (Supporting 
Information). The resulting rupture time PDF retained the 
log-normal distribution (Figure S5, Supporting Information). 
The agreement between both time distributions strongly sup-
ports the multiplicative nature of rupture processes.

Further signatures of complexity can be also observed in 
the bilayer perpendicular plane, directly through the length–
time indentation traces obtained with our force-clamp 
approach (Figure 6). So far the stacked lipid membranes 
were indented at relatively high pushing forces, allowing to 
measure their failing kinetics within experimentally afford-
able timescales (Figures 3 and 5). However, one of the advan-
tages of the force-clamp technique lies in its capability to 
readily expand the time window of experimentation. Pushing 
the bilayer stack at relatively low forces slows down the rup-
ture rate exponentially (Figure 5b), enabling to capture fine 
details of the rupture process that were invisible at high 
pushing forces and also when using classical constant velocity 
mode, reporting a simple transition between the unruptured 
to the ruptured lipid conformation. When a constant force 
as low as F = 22 nN (or ≈65% of the average membrane 
breakthrough force) is applied, in ≈30% of the occurrences 
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Figure 4. Stacked lipid membranes break following a vertical (and not 
a mechanical) hierarchy. a) Topography AFM image of a surface of a 
DOPC/sphingomyelin/cholesterol (1:1:1) mixture, which produces 
phase-segregated lipid stacks that align on the vertical direction. 
b) Schematic diagram of the expected force-extension profile in case 
the rupture process of a multibilayer sample with binary mechanical 
stability follows either a vertical (top) or mechanical (bottom) hierarchy. 
c) Constant velocity pushing experiments on the DOPC/sphingomyelin/
cholesterol (1:1:1) stacked mixture yield force versus distance profiles 
with alternating high and low mechanical stability individual bilayers, 
corresponding to the indentation of the liquid-ordered and liquid-
disordered phases, respectively. d) Analogous experiments under force-
clamp conditions (F = 30 nN) reveal typical distance–time recordings 
whereby the fast steps (corresponding to low mechanical stability 
bilayers) alternate with slow steps (which fingerprint mechanically 
resistant ones), providing a nonlinear indentation trace. Altogether, 
these experiments demonstrate that, contrary to the mechanical 
stretching of individual polyprotein chains, which follows a hierarchy 
in the mechanical stability, the indentation of lipid multibilayer stacks 
simply follows a hierarchy in the vertical position.

Figure 5. The distribution of rupture dwell-times can be best captured 
by a log-normal distribution. a) The time course of bilayer stack rupture 
decreases as the pushing force is increased. b) The inverse of the 
average rupture time yields the rupture time at each force (red dots). 
Fitting the Bell model yields Δx/N = 1.87 ± 0.04 pm and ln[α(0)] = 
−2.2 ± 0.9. c) The rupture time distribution at F = 32 nN exhibits a marked 
nonexponential behavior that follows d) a log-normal distribution with 
e) the smallest error fit. f) Schematic representation of the proposed 
model of pore growth lipid rupture model.
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the rupture of each individual DPhPC lipid membrane 
is no longer observed as a single transition (Figure 6a). 
Rather, analysis of n = 353 individual breakthrough events 
reveals that each ≈5 nm step is split into several smaller 
steps, which are also identified as clear spikes in the force 
channel (Figure 6a). While the number of substeps varies, the 
most frequently observed scenario involves the presence of 
three individual steps (Figure 6b), measuring L1 = 1.8 ± 0.5, 
L2 = 2.8 ± 0.6, and L3 = 1.0 ± 0.3 nm, respectively (Figure 6c), 
indicative of at least two distinct mechanical energy barriers. 
Notably, these lengths add up to the full length of ≈5.6 nm 
that characterizes the tip penetration of an individual lipid 
bilayer. In some other cases, probably due to limited time 
resolution, only two steps were captured, either in the order 
L1 + (L2 + L3) or (L1 + L2) + L3, as shown in Figures S6 and 
S7 (Supporting Information), respectively.

While it is premature to unambiguously ascribe each par-
ticular step to the rupture of a defined region of the phos-
pholipid moiety, the X-ray structure of hydrated DPhPC 
multibilayers[36] allows for an educated guess. In the absence 
of hydration, the peak-to-peak distance obtained from 
the electron density profiles along the bilayer normal is 
37 Å,[36,47] entailing that each independent leaflet measures 
3.7/2 = 1.85 nm. Thus, it is tempting to speculate that the first 
step (L1) corresponds to the independent rupture of the first 
leaflet. In this vein, L2 would correspond to the combined 
rupture of the second leaflet together with the first hydra-
tion layer. Noteworthy, both L1 and L2 steps occur within a 
timescale of ≈5 ms, readily measurable with our force-clamp 
approach. The remaining 1.0 ± 0.3 nm (L3) step might finger-
print the rupture of the second layer of confined water,[34] 
occurring within timescales spanning from >5 ms all the way 
up to <500 ms (Figure S8, Supporting Information). Such 

much slower timescale is compatible with 
the slow, anomalous diffusion of confined 
water (in the presence of ionic strength) in 
a multilamellar bilayer,[48] probably due to 
a time-dependent diffusion coefficient.[49] 
Altogether, our indentation experi-
ments highlight the presence of transient 
mechanical states that reveal the sub-
structure of individual hydrated bilayers, 
suggesting that both lipids leaflets are 
mechanically independent, thus departing 
from the well-established all-or-none rup-
turing process.

3. Conclusions

Using a novel multibilayer stack approach 
that avoids the large mechanical effect of 
the stiff supporting substrate, our experi-
ments using force-clamp spectroscopy 
provide direct evidence that the mem-
brane rupture reaction occurs through 
a multistep process in two orthogonal 
planes. The measured fracture time distri-
bution is reminiscent of a multiplicative 

growth process, which can be easily interpreted in the frame-
work of a pore nucleation model, whereby a pore expands 
through its perimeter along the perpendicular direction to the 
applied force (and thus parallel to the bilayer) until an irre-
versible, critical size is reached.[50] In this scenario, the radius 
of the critical pore would become the real determinant of the 
kinetics of lipid rupture, suggesting that the critical radius is 
independent, and possibly larger, than the tip indenter. On 
the bilayer perpendicular plane, our force clamp experiments 
at low pushing forces identified at least two mechanically 
transient intermediate states occurring after the formation of 
the pore in the lipid membrane, which are compatible with 
the rupture of key substructural features within the phos-
pholipid moieties. Altogether, our experimental observations 
with increased length, time, and force resolution, unveil new 
signatures of complexity that expands and challenge the cur-
rently accepted simplistic two-state model of lipid rupture. 
We anticipate that these experiments will open the door to 
the study of complex bilayer systems, formed by chemically 
distinct phospholipid entities with varying compositions,[12] 
and under distinct ionic strength conditions,[51–53] with the 
ultimate goal to eventually unveil the physicochemical 
and mechanical complexity that characterizes the plasma 
membrane.

4. Experimental Section

Lipid Multibilayer Sample Preparation: Hydrated stacked lipid 
membranes were formed following the procedure described by Tris-
tram-Nagle.[54] In their method, the lipid membranes were directly 
formed on the substrate instead of deposited from liposome sus-
pensions. First, the lipids (Avanti Polar Lipids, Alabaster, AL) were 
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Figure 6. The vertical rupture of an individual bilayer occurs through multiple mechanical 
transition states. a) Indenting the multi bilayer stack at low forces reveals the presence of 
two mechanical intermediates b) occurring in consistent positions. c) The distribution of 
measured lengths for each intermediate is compatible with the d) fine chemical structure 
defining the hydrated DPhPC phospholipid chemical moiety.
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dissolved in CH3Cl/MeOH (3:1) (>99% purity from Sigma-Aldrich, 
Saint Louis, MO) to give a final concentration between ≈2 × 10−3 
and 20 × 10−3 m depending on the desired stack thickness. For 
the dual-phase stacked lipid experiments, a 1:1:1 DOPC/SM/Chol 
mixture was used. Then, a small aliquot (1–10 µL) was spread on 
top of a freshly cleaved Muscovite Mica substrate (Agar Scientific, 
Stansted, UK) and quickly dried under a gentle flow of nitrogen 
gas. Then, the nitrogen flow was maintained at lower pressures for 
40 min to evaporate any remaining organic solvent traces. After 
evaporation, the dried lipids have already structured into stacked 
membranes. Our results are also in agreement with previous 
studies with dry DOPC lipid stacks.[20,55]

Working with the lipid stacks in aqueous environment proved 
to be more challenging. Hydrated stacked membranes have a great 
tendency to wash away or “peel off,”[56,57] especially in the case of 
thin (0.1–8 µm) lipid stacks. For this reason, lipid stacks are typi-
cally investigated in saturated humidity air environments where 
they cannot float in the aqueous medium.[54] Alternatively, very 
thick lipid stacks are employed when a larger number of stacked 
lipid membranes are required.[37,58] We investigated the suitable 
hydration condition for a strong substrate attachment. We dis-
covered that mild temperatures and longer resting time favor the 
attachment of lipids to the substrate. In our protocol, the sam-
ples were heated at low temperature (<50 °C) in buffer solution 
(200 × 10−3 m NaCl, HEPES 10 × 10−3 m, pH 7.4) for at least 2 h 
and then were left to settle overnight under saturating water condi-
tions. During the experiments, the same buffer was kept without 
any rinsing to avoid the detachment of the lipid stacks due to tur-
bulences. Even though this method still has a poor success rate 
(≈30%), it has allowed for the first time to study thin (<0.1–8 µm) 
liquid state lipid stacks.

Atomic Force Microscopy Force Measurements—Constant 
Velocity Experiments: The force versus distance plots were 
acquired by allowing the AFM tip approach the surface at a con-
stant velocity (1000 nm s−1) until the substrate was encountered 
and all the individual lipid bilayers within the stack were pierced. 
The AFM cantilever was first calibrated against a clean, freshly 
cleaved mica using the equipartition theorem.[59] An SNL-10 tip A 
(Bruker Probes, Karlsruhe, Germany) with a typical spring constant 
k = 0.35 N m−1 was used for all investigations. The AFM cantile-
vers were thoroughly rinsed and dried after calibration in order to 
avoid contamination. All experiments were performed at 22 °C in a 
temperature-controlled room with a stability of ±1 °C.

Atomic Force Microscopy Force Measurements—Force-Clamp-
Experiments: Force-clamp AFM experiments were performed by 
applying a constant force between the AFM tip and the surface. 
An external feedback mechanism was used to maintain a constant 
AFM cantilever deflection (force) by controlling the position of the 
surface with a piezoelectric actuator. The feedback loop consisted 
of proportional, integral, and derivative terms (PID) and displayed 
a time response faster than 1 ms.[33] The unprecedented quick 
response of our feedback loop stems from the higher resonant fre-
quency of the cantilevers used and the small distance (≈5 nm) that 
the piezoelectric actuator has to travel in order to recover the set-
point deflection.

Data Analysis—Force-Clamp Analysis: Force-Clamp traces were 
analyzed using a specifically written software developed in our 
lab using Igor Pro (WaveMetrics, Portland, OR). In this software, 
the user manually spotted the lipid membrane rupture events 

and measured its rupture time and lipid membrane thickness by 
clicking on the curve. The measured values for each step were 
stored in a matrix containing all the rupture events from the same 
trajectory. Each matrix contained information on the date and time 
of the experiment and on the source trajectory. The matrix also 
allowed the user to assign a tag to the rupture event in order to 
analyze trajectories that display various substeps. The analysis 
results were automatically displayed on top of the original trace 
to allow later review. In all cases, the surface interface area was 
excluded from the analysis.

The rupture rate was measured using two independent proce-
dures. In the first one, the average rupture rate was obtained from 
whole trajectories. In this case, the lipid membrane rupture times 
were used to reconstruct each individual force-clamp trajectory. 
Instead of using the original traces, calculating the reconstructed 
trajectories allowed to directly compute the rupture rate without 
accounting for the lipid membrane thickness. Each reconstructed 
trajectory was then fitted with a linear function and the slope was 
used to calculate the average rupture rate and the related standard 
deviation. In addition, the reconstructed traces were used to cal-
culate the autocorrelation function. In the second procedure, each 
rupture time was computed as the dwell time between the current 
and previous rupture events. All dwell times were then pooled 
together and the inverse of the mean was taken as the rupture 
rate. This same procedure was used to calculate the rupture time 
distributions.

Supporting Information

Supporting Information is available from the Wiley Online Library 
or from the author.
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